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Abstract

The purpose of this study was to evaluate normal values of healthy human bone marrow
(n = 56) and identify gender- and age-related variations using cell lineage markers and
maturational curves. Using 10-color quantitative flow cytometry, various cell types were
identified, including B cells, T cells, NK cells, granulocytes, monocytes, erythroblasts,
plasma cells, basophils, mast cells, and dendritic cells. Results revealed significant age-
related declines in the absolute counts of nucleated cells (p = 0.001), including CD34+
immature B cells (p = 0.006) and CD34- immature B cells (p = 0.004). Declines were
also observed for T cells (p = 0.002), cytotoxic T cells (p < 0.001), double-negative T cells
(p = 0.0001), NK cells (p = 0.007), CD16- NK cells (p < 0.001), metamyelocytes (p = 0.002),
neutrophils (p = 0.001), basophils (p = 0.009), promonocytes (p = 0.001), mature monocytes
(p = 0.007), and plasmacytoid dendritic cells (p = 0.001). Gender differences showed males
had more intermediate monocytes (p = 0.009) compared to females. In summary, this
study provides normal values for hematopoietic cells, highlighting age- and gender-related
disparities critical for understanding hematopoietic dynamics.

Keywords: bone marrow flow cytometry; normal values; hematopoietic cells; age-related
variations; gender-related variations

1. Introduction
Bone marrow (BM) serves as primary site for hematopoiesis, the tightly regulated pro-

cess responsible for generating and differentiating diverse hematopoietic cell lineages [1–6].
The BM of healthy individuals maintains a sufficient reservoir of precursor cells to ensure
the sustained generation of hematopoietic cell lineages necessary for lifelong hematological
homeostasis [1–5,7].

During the normal course of hematopoiesis, genetic abnormalities arising in hematopoi-
etic cells can lead to clonal alterations, potentially disrupting the regulation of cell pro-
liferation and differentiation [1,3,4,6,8,9]. These alterations may lead to hematopoietic
neoplasms, such as leukemias, lymphomas, myeloproliferative neoplasms, and other ma-
lignant hematological diseases [1,3,5,6,8–14].
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Flow cytometric (FC) analysis of hematopoietic cells is an essential technique in
the diagnosis and monitoring of hematopoietic neoplasms in clinical settings. The most
common immunophenotypic abnormalities in these cells involve alterations in antigen
expression patterns relative to their healthy counterparts [1,4,6,8,15].

Understanding the expression patterns of antigens associated with specific cell lineages
and maturation stages is crucial for identifying normal maturation heterogeneity and
variations due to population-specific factors, aging, or gender and detecting pathological
alterations [4,5]. In clinical practice, monoclonal antibodies play a key role in characterizing
tissues and tumors based on antigenic expression, aiding in determining cellular or tissue
origin, in accordance with the World Health Organization (WHO) criteria for hematological
neoplasms [4,7,16–19].

Recent advancements in FC technology and analytical software have enhanced the abil-
ity to investigate differentiation patterns in normal bone marrow [3,9,14,15]. However, stud-
ies assessing immunophenotypic normal values in normal bone marrow hematopoietic cells
remain limited [3,5,14,15,18]. Notably, most studies on normal bone normal values have
relied on routine diagnostic samples specimens lacking apparent immunophenotypic ab-
normalities but obtained during clinical evaluation for hematological disorders [3,9,15,18].

In this study, we characterized normal gender- and age-related variations in the
expression of multiple cell surface markers and maturation trajectories in bone marrow cells
from healthy individuals. Using quantitative FC analysis with a 10-color methodology, we
assessed marker expression across diverse hematopoietic populations, including lymphoid,
myeloid and dendritic cells. Additionally, we established normal values and documented
their variations, providing a valuable resource for studies focused on human BM.

2. Materials and Methods
2.1. Research Participants and Sample Obtainment

The bone marrow samples were obtained by iliac crest aspiration from 56 individuals
(25 females and 31 males) undergoing orthopedic surgery, with a median age of 41 years
(range: 18–91) and representing three ethnicities (29 White, 19 Mixed-race, 8 Black). Sam-
ples were collected in tubes containing ethylenediamine tetraacetic acid potassium (EDTA)
tubes. All samples were from healthy individuals over 18 years old, without clinical follow-
up due to hematological disease and without treatment with growth factors, chemotherapy,
cytotoxic or immunosuppressive drugs, they also referred no other comorbidities. Written
informed consent was obtained, and this study was approved by the Research Ethics Com-
mittee of Hospital Israelita Albert Einstein under Certificate of Ethical Review Presentation
(CAAE) number 82751318.2.0000.0071, following ethical guidelines, regulations, and the
Declaration of Helsinki. Details on procedures and participant characteristics are provided
in Table 1 and Supplementary Data (Table S1).

Table 1. Clinical features.

Healthy Donors Median
(1st and 3rd Quartiles) Minimum-Maximum

Age, years 41 (28–62) 18–91
Hemoglobin, g/dL 13.25 (11.70–14.50) 10.10–18.60

Haematocrit, % 38.25 (35.00–42.15) 28.00–56.00
Mean corpuscular volume, fL 86.45 (84.00–88.42) 79.20–98.20

Platelets, mm3 243.000 (200.750–286.250) 136.000–530.000
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2.2. Flow Cytometry Protocol for Hematopoietic and Immune Cell Analysis

Bone marrow samples were processed within 48 h of aspiration following Clinical
and Laboratorial Standard Institute (CLSI) guidelines [20]. Automated cell counts were
performed using the XN10 analyzer Sysmex® (Kobe, Japan), and cell viability was assessed
via 7-AAD staining.

Distinct flow cytometry panels identified immune and hematopoietic populations: B
and T lymphoid cells (tubes 1 and 7), granulocytic, monocytic, and erythroid maturation
(tubes 2–4), basophils, dendritic cells, and plasma cells (tube 5), and plasma cell clonality
(tube 6). with antibodies and panels detailed in Supplementary Tables S2 and S3. All anti-
bodies were titrated to minimize nonspecific staining and optimize signal-to-noise ratios.

Bone marrow samples (100 µL per tube) were stained, incubated at and using 2 mL
of EXBIO® (Vestec, Czech Republic) ammonium chloride (NH4Cl) solution to preserve
nucleated erythrocytes. A ‘lyse-no-wash’ was used in tubes 1–5 and 7 to minimize cell loss.
Flow-Count™ beads Beckman Coulter® (Brea, CA, USA) ensured accurate enumeration.
For intracytoplasmic Kappa and Lambda staining (tube 7), we used a labeling kit Nordic
MUbio® (Susteren, The Netherlands).

Data acquisition on a Navios Flow Cytometer (Beckman Coulter®) included
~500,000 events within the total cellularity region, including erythroblasts. Compensa-
tion was performed biannually or after equipment maintenance, following manufacturer
guidelines. Daily verification of optical alignment and fluidics was conducted using Flow-
Check™ Pro and Flow-Set Pro Fluorospheres (Beckman Coulter®).

2.3. Data Analysis and Gating Strategy

Data analysis was conducted using Kaluza software (version 2.3) (Beckman Coulter®),
with standardized protocols for each tube to ensure consistency. Doublets were excluded
via biparametric plots (FSC-H vs. FSC-A), followed by FSC vs. SSC gating using low
thresholds to exclude cellular debris, platelets, and lipid globules. CD45 vs. SSC present in
all tubes was used to refine populations of interest.

Immature and mature B cells, erythroid cells, monocytes, and granulocytes were
analyzed, while T and NK cells were only identified due to maturation occurring predomi-
nantly in secondary lymphoid organs. Given the limited research on lymphoid populations
in bone marrow [21–24], this study aimed to establish baseline levels in healthy individuals,
considering their low frequency.

Analysis strategies were tailored to each population, with methodologies detailed in
the Supplementary Data (Figures S1–S9). Quantification beads enable absolute cellularity
calculations, and population identification is summarized in Supplementary Table S4.
Sample hemodilution was assessed using the method by Pont et al. [9], which evaluates the
ratio of immature granulocytes to neutrophils, classifying purity as high (>1.2), moderate
(0.5–1.2), or low (<0.5).

2.4. Statistical Analysis

Quantitative variables within the groups were described using medians, 1st and 3rd
quartiles, and minimum and maximum values. This approach was chosen due to the non-
normal distribution of the data, verified through histograms, boxplots, quantile–quantile
comparisons, and Shapiro–Wilk normality tests. Group comparisons were performed using
Mann–Whitney or Kruskal–Wallis tests, depending on the number of groups, and are
presented in tables. Statistical analyses were performed in SPSS (version 29.0.0) with the
significance level set at α = 1%.
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For both single-platform and dual-platform measurements, agreement was assessed
using the intraclass correlation coefficient. For the correlation and aging groups graphs
comparisons, the analysis was performed using GraphPad Prism Version 10.2.2. For the
aging groups, since the data distribution was non-normal, comparisons were conducted
using the Kruskal–Wallis test followed by Dunn’s post hoc test for multiple comparisons.
For this analysis, the significance level was set at α = 5%.

3. Results
3.1. Concordance of Single vs. Dual Platform Measures, Bone Marrow Purity Assessment, and
Dysplasia Analysis

Concordance analysis validated absolute cell counts from flow cytometry using quan-
tification beads against measurements from the XN10 (Sysmex®) automated cell counter,
demonstrating strong agreement for total nucleated cells, granulocytes, and erythroblasts,
with robust concordance for lymphocytes and monocytes (Figure S10). Bone marrow
hemodilution assessment classified 61% of samples (n = 34) as high purity, 36% (n = 20)
as moderate purity, and 3% (n = 2) as low purity. Beyond cellular classification, dysplasia
was evaluated using the Ogata score [25], revealing significant differences in the CD45
fluorescence intensity ratio between myeloblasts and lymphocytes (p = 0.001) and the
percentage of myeloblasts (p = 0.005), as detailed in the Supplementary Data (Table S5).

3.2. Age-Related Characterization of Hematopoietic Populations and Maturation Dynamics

Hematopoietic populations were analyzed using absolute counts and percentages,
stratified into three age groups [<40 years (n = 28), 40–60 years (n = 13), >60 years (n = 15)]
to assess age-related variations. Comparative analysis confirmed previous findings and
provided additional insights into cell expression patterns across the lifespan.

3.3. Age-Associated Variations in Bone Marrow Cellularity

Total nucleated cell counts showed significant differences across age groups (p = 0.001),
revealing a decline in bone marrow cellularity with age (Table S6).

3.4. B Cell Maturation and Plasma Cell Distribution Across Age Groups

Significant differences in B cell maturation were observed in absolute counts among
groups for various subsets, including CD34+ immature B cells (p = 0.006) and CD34−

immature B cells (p = 0.004) (Table 2). Pairwise comparisons indicated a decline in immature
B cells with aging, as illustrated in Figure 1A–D. Specifically, CD34-positive immature B
cells showed significant differences between the <40 and >60 groups (p = 0.0059), while
CD34-negative immature B cells differed between <40 and >60 groups as well as <40 and
41–60 groups (p = 0.0162 and 0.0287, respectively). CD5-positive B cells exhibited significant
variation between <40 and >60 groups (p = 0.0445), whereas mature B cells differed between
the <40 and 41–60 groups (p = 0.0306).
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Table 2. Results evaluated for B, T lymphocytes and NK cells.

Cell Population AGE p Value
<40 Years 41–60 Years >60 Years

Immature B-cells CD34 (positive)

Median
(mm3) 37 (14–107) 12 (7–35) 7 (3–28) 0.006

(%) 0.14 (0.06–0.20) 0.09 (0.03–0.17) 0.04 (0.02–0.10) 0.053

Min Max
(mm3) 1–364 1–172 0–58

(%) 0.00–0.95 0.00–0.73 0.00–0.27

Immature B-cells CD34 (negative)

Median
(mm3) 182 (81–523) 58 (48–71) 29 (17–198) 0.004

(%) 0.5 (0.2–1.0) 0.3 (0.1–0.5) 0.3 (0.1–0.6) 0.062

Min Max
(mm3) 2–2120 0–265 0–339

(%) 0.0–5.5 0.0–1.1 0.0–1.6

B-cells CD5 (positive)

Median
(mm3) 38 (21–71) 26 (16–42) 26 (4–33) 0.043

(%) 0.11 (0.05–0.22) 0.22 (0.06–0.23) 0.07 (0.03–0.15) 0.288

Min Max
(mm3) 5–206 0–60 1–47

(%) 0.02–0.29 0.00–0.37 0.01–0.55

Mature B-cells

Median
(mm3) 552 (394–787) 285 (220–492) 283 (162–690) 0.015

(%) 1.7 (1.2–2.2) 1.7 (1.0–3.1) 2.1 (0.9–2.9) 0.740

Min Max
(mm3) 199–1844 10–734 58–1021

(%) 0.7–4.6 0.1–6.0 0.2–5.6

Plasma cells (polyclonal)

Median
(mm3) 49 (32–84) 35 (13–54) 42 (15–119) 0.270

(%) 0.16 (0.07–0.24) 0.14 (0.12–0.22) 0.21 (0.13–0.44) 0.315

Min Max
(mm3) 1–355 2–203 1–571

(%) 0.00–0.82 0.01–0.69 0.01–0.74

Plasma cells CD19 (polyclonal)

Median
(mm3) 41 (25–71) 20 (9–37) 30 (11–100) 0.104

(%) 0.13 (0.06–0.20) 0.11 (0.05–0.17) 0.15 (0.10–0.37) 0.392

Min Max
(mm3) 1–306 2–186 1–456

(%) 0.00–0.74 0.01–0.63 0.01–0.59

Plasma cells CD56 (polyclonal)

Median
(mm3) 3 (1–7) 3 (1–4) 4 (1–11) 0.780

(%) 0.01 (0.00–0.03) 0.02 (0.01–0.02) 0.02 (0.01–0.05) 0.080

Min Max
(mm3) 0–34 0–9 0–93

(%) 0.00–0.05 0.00–0.03 0.00–0.12

T-cells

Median
(mm3) 2125 (1800–4002) 1379 (1170–1668) 1596 (1088–2876) 0.002

(%) 7.4 (5.7–9.6) 8.0 (7.3–9.9) 9.4 (11.3–5.8) 0.485

Min Max
(mm3) 801–9251 850–3160 211–6708

(%) 3.6–18.0 3.4–14.1 3.3–21.4
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Table 2. Cont.

Cell Population AGE p Value
<40 Years 41–60 Years >60 Years

Helper T-cells

Median
(mm3) 1031 (847–1711) 799 (542–916) 936 (557–1721) 0.090

(%) 3.3 (2.2–4.7) 4.9 (3.2–5.7) 5.3 (3.4–6.8) 0.074

Min Max
(mm3) 234–5240 526–1340 172–2849

(%) 1.1–9.3 1.6–7.0 1.9–11.9

Cytotoxic T-cells

Median
(mm3) 1087 (840–1827) 419 (407–738) 571 (339–995) <0.001

(%) 3.4 (2.9–4.1) 2.8 (1.9–3.3) 2.7 (2.1–4.2) 0.127

Min Max
(mm3) 483–3405 269–1643 30–3381

(%) 1.7–7.5 1.2–7.0 0.5–7.9

Double-positive T-cells

Median
(mm3) 44 (29–79) 21 (9–55) 57 (20–83) 0.149

(%) 0.12 (0.08–0.22) 0.17 (0.05–0.24) 0.21 (0.13–0.41) 0.132

Min Max
(mm3) 4–532 2–137 3–130

(%) 0.02–1.48 0.01–0.80 0.04–0.59

Double-negative T-cells

Median
(mm3) 108 (89–186) 52 (34–97) 48 (24–106) 0.001

(%) 0.4 (0.3–0.5) 0.3 (0.2–0.5) 0.2 (0.4–0.2) 0.041

Min Max
(mm3) 39–513 25–165 5–375

(%) 0.1–1.0 0.2–1.0 0.1–1.2

Ratio CD4/CD8

Median
ratio

0.9 (0.8–1.3) 1.5 (1.1–2.0) 1.6 (1.0–2.5) 0.001
Min Max 0.5–1.5 0.7–2.8 0.8–5.7

NK-cells

Median
(mm3) 481 (226–626) 226 (111–345) 179 (129–246) 0.007

(%) 1.1 (0.7–1.8) 1.1 (0.6–1.3) 0.9 (0.4–1.6) 0.592

Min Max
(mm3) 77–1210 37–631 39–781

(%) 0.2–5.4 0.4–4.4 0.3–3.8

NK-cells CD16 (negative)

Median
(mm3) 47 (28–96) 19 (17–30) 20 (13–30) <0.001

(%) 0.14 (0.09–0.24) 0.12 (0.07–0.19) 0.10 (0.09–0.13) 0.147

Min Max
(mm3) 19–392 9–77 4–45

(%) 0.07–0.67 0.03–0.25 0.03–0.21

NK-cells CD16 (positive)

Median
(mm3) 353 (171–507) 203 (96–289) 142 (106–210) 0.011

(%) 0.95 (0.51–1.53) 0.93 (0.45–1.00) 0.82 (0.32–1.41) 0.784

Min Max
(mm3) 48–992 20–565 28–570

(%) 0.15–4.97 0.20–4.14 0.21–2.80
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Figure 1. Analysis demonstrating differences for B, T and NK cells between groups (<40, >40 to
<60 and >60 years old) displayed in comparatives graphs for (A) immature B cells CD34-positive,
(B) immature B cells CD34-negative, (C) B cells CD5, (D) mature B cells, (E) T cells, (F) cytotoxic
T cells, (G) double negative T cells, (H) CD4/CD8 ratio, (I) double negative T cells %, (J) NK cells,
(K) NK cells CD16-negative and (L) NK cells CD16-positive.

3.5. T and NK Cell Subpopulation Distribution Across Age Groups

T cell subsets analysis revealed significant variations in total T cells (p = 0.002), cyto-
toxic T cells (p < 0.001), and double-negative T cells (p = 0.0001), and the CD4/CD8 ratio
(p = 0.001) summarized in Table 2.

Specifically, total T cells showed significant variation between <40 and >60 groups
(p = 0.0445) and the <40 vs. 41–60 groups (p = 0.0040). Cytotoxic T cells differed significantly
between <40 and >60 groups (p = 0.0062) and the <40 vs. 41–60 groups (p = 0.0005). Double-
negative T cells also exhibited differences between <40 vs. >60 groups (p = 0.0031) and
the <40 vs. 41–60 groups (p = 0.0237). The CD4/CD8 ratio varied significantly between
<40 vs. >60 groups (p = 0.0028) and <40 vs. 41–60 groups (p = 0.0184). Additionally, the
proportion of double-negative T cells showed a significant difference between <40 and
>60 groups (p = 0.0390). These results highlight pronounced age-related alterations in T cell
compartment. Pairwise comparisons showed significant reductions in cytotoxic T cells and
double-negative T cells in elderly groups (Figure 1E–I).
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NK cell subsets also varied significantly, including total NK cells (p = 0.007) and CD16−

NK cells (p < 0.001) (Table 2). Pairwise analysis confirmed an age-related decline in CD16−

NK cells (Figure 1J–L).
Specifically, total NK cells showed differences between <40 and >60 groups (p = 0.0174).

CD16-negative NK cells exhibited significant variation between <40 and >60 groups
(p = 0.0010) as well as between <40 and 41–60 groups (p = 0.0039). CD16-positive NK
cells were significantly different between <40 and >60 groups (p = 0.0171).

3.6. Granulocyte Maturation and Age-Related Differences

Significant differences in granulocyte subpopulations were noted, including metamye-
locytes (p = 0.002), neutrophils (p = 0.001), and basophils (p = 0.009) (Table 3). Mast cells
(p = 0.002) also showed percentage differences across groups.

Specifically, absolute numbers differed significantly for myeloblasts between the <40
and 41–60 groups (p = 0.0460), while myelocytes showed differences between the <40
and >60 groups (p = 0.0283). Metamyelocytes demonstrated variations between the <40
and >60 groups (p = 0.0080) and the <40 and 41–60 groups (p = 0.0348). Neutrophils
exhibited significant differences between the <40 and >60 groups (p = 0.0015), whereas
basophils showed variations between the <40 and >60 groups (p = 0.0349) and the <40 and
41–60 groups (p = 0.0377), as illustrated in Figure 2A–E.

Figure 2. Analysis demonstrating differences for granulocytes between groups (<40, >40 to <60 and
>60 years old) displayed in comparatives graphs for (A) myeloblast, (B) myelocyte, (C) metamyelocyte,
(D) neutrophil, (E) basophil, (F) mast cell %, (G) metamyelocyte % and (H–J) granulocyte maturation
curve dot plots.
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Table 3. Results evaluated for granulocytic maturation.

Cell Population AGE p Value
<40 Years 41–60 Years >60 Years

Myeloblasts

Median
(mm3) 77 (54–121) 28 (21–37) 37 (14–90) 0.030

(%) 0.23 (0.19–0.32) 0.14 (0.13–0.32) 0.21 (0.12–0.31) 0.726

Min Max
(mm3) 16–363 6–159 2–363

(%) 0.06–0.44 0.03–0.44 0.04–0.48

Promyelocytes

Median
(mm3) 220 (114–331) 91 (67–159) 91 (27–245) 0.029

(%) 0.6 (0.4–07) 0.5 (0.4–0.7) 0.5 (0.3–0.8) 0.831

Min Max
(mm3) 41–747 38–348 3–1215

(%) 0.2–1.3 0.3–1.3 0.1–1.6

Myelocytes

Median
(mm3) 1818 (1172–3867) 987 (600–2258) 791 (156–1777) 0.015

(%) 5.5 (4.0–6.7) 4.9 (4.0–6.8) 3.5 (1.8–6.7) 0.170

Min Max
(mm3) 376–7127 206–6265 79–11,114

(%) 2.4–12.2 1.4–29.3 1.4–14.8

Metamyelocytes (band cell)

Median
(mm3) 9554 (6426–15,143) 4184 (3418–7393) 2956 (1695–6947) 0.002

(%) 26.6 (22.1–32.7) 24.7 (19.3–31.0) 17.5 (12.3–25.4) 0.016

Min Max
(mm3) 2052–42,968 906–15,294 464–21,284

(%) 14.3–41.4 4.2–37.5 6.5–44.5

Neutrophils

Median
(mm3) 7643 (5183–10,344) 5560 (4398–6845) 4315 (2932–5950) 0.001

(%) 22.3 (16.8–26.3) 26.9 (22.8–30.4) 21.7 (15.2–30.7) 0.157

Min Max
(mm3) 2725–24,203 2331–13,200 1181–9588

(%) 8.9–43.1 20.4–42.6 9.5–43.5

Eosinophils

Median
(mm3) 605 (497–933) 338 (222–733) 429 (85–713) 0.030

(%) 2.0 (1.7–2.6) 1.7 (1.2–3.4) 2.0 (1.2–3.6) 0.801

Min Max
(mm3) 292–3575 166–1402 58–2694

(%) 1.1–3.6 0.9–6.1 0.5–4.5

Basophils

Median
(mm3) 63 (55–119) 47 (38–54) 47 (26–83) 0.009

(%) 0.20 (0.14–0.35) 0.24 (0.18–0.30) 0.22 (0.15–0.32) 0.507

Min Max
(mm3) 19; 319 21; 179 15; 163

(%) 0.07–0.50 0.10–0.61 0.13–0.59

Mast cells

Median
(mm3) 3 (2–7) 4 (3–52) 19 (4–32)

(%) 0.01 (0.00–0.02) 0.02 (0.01–0.36) 0.06 (0.02–0.19) 0.054

Min Max
(mm3) 0–64 0–255 0–82 0.002

(%) 0.00–0.17 0.00–0.72 0.00–0.52
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In terms of percentages, mast cells displayed significant differences between the <40
and >60 groups (p = 0.0027) as well as <40 and 41–60 groups (p = 0.0499). Metamyelocytes
showed variation in percentages between <40 and >60 groups (p = 0.0276), as depicted in
Figure 2F–G.

Despite these differences in absolute and relative values, the maturation curves for the
neutrophilic lineage remained consistent across all groups, following patterns characteristic
of normal physiological behavior, as demonstrated in Figure 2H–J. This suggests that the
overall maturation dynamics were preserved despite age-related differences and decline in
cell numbers.

3.7. Monocytic Maturation, Dendritic Cell Subpopulations and Age-Related Differences

The evaluation of monocytic maturation revealed significant differences in absolute
counts among groups for promonocytes (p = 0.001), mature monocytes (p = 0.007), classical
monocytes (p = 0.005), and myeloid dendritic cells (p = 0.001), as summarized in Table 4.

Specifically, absolute numbers differ between <40 and >60 groups as well as <40 and
41–60 groups for promonocytes (p = 0.0090 and p = 0.0070, respectively), as illustrated in
Figure 3A–C.

Figure 3. Analysis demonstrating differences for monocytes between groups (<40, >40 to <60
and >60 years old) displayed in comparatives graphs for (A) Promonocyte, (B) Mature monocyte,
(C) Classical monocyte, and (D–F) Monocyte maturation curve dot plots, and (G) monocyte matura-
tion curve displayed in the radar dot plot.

The maturation curves of the monocytic lineage displayed consistent patterns charac-
teristic of normal physiological behavior across all groups, as demonstrated in Figure 3D–F,
complemented by radar plot analyses (Figure 3G). Although absolute values varied signif-
icantly among groups, no evident differences in the overall maturation curve dynamics
were observed.
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Table 4. Results evaluated for monocytic maturation and dendritic cells.

Cell Population AGE p Value
<40 Years 41–60 Years >60 Years

Monoblasts

Median
(mm3) 39 (18–116) 50 (14–122) 25 (5–63) 0.126

(%) 0.11 (0.05–0.31) 0.25 (0.08–0.78) 0.12 (0.02–0.34) 0.350

Min Max
(mm3) 6–280 3–299 0–127

(%) 0.02–0.77 0.02–1.02 0.00–0.75

Promonocytes

Median
(mm3) 526 (325–930) 222 (143–273) 207 (105–438) 0.001

(%) 2 (1–2) 1 (1–1) 1 (1–2) 0.114

Min Max
(mm3) 107–2420 61–602 16–1095

(%) 1–3 1–2 0–3

Mature monocytes

Median
(mm3) 892 (1042–508) 566 (725–487) 484 (600–355) 0.007

(%) 2 (3–1) 3 (4–3) 3 (4–2) 0.162

Min Max
(mm3) 286–1528 163–908 112–1044

(%) 1–6 1–6 1–8

Classical monocytes

Median
(mm3) 662 (443–861) 502 (452–558) 384 (315–440) 0.005

(%) 1.9 (1.2–2.5) 2.4 (2.3–3.1) 2.1 (1.4–3.9) 0.211

Min Max
(mm3) 275–1328 131–807 81–876

(%) 0.8–5.1 0.7–5.1 1.3–5.5

Intermediate monocytes

Median
(mm3) 53 (19–63) 25 (13–44) 34 (21–62) 0.353

(%) 0.10 (0.06–0.24) 0.17 (0.10–0.22) 0.20 (0.06–0.32) 0.540

Min Max
(mm3) 3–275 9–95 1–79

(%) 0.01–0.91 0.03–0.34 0.01–1.07

Non-classical monocytes

Median
(mm3) 29 (16–35) 15 (7–48) 18 (9–40) 0.816

(%) 0.06 (0.05–0.11) 0.08 (0.05–0.28) 0.12 (0.02–0.16) 0.435

Min Max
(mm3) 0–66 1–134 1–97

(%) 0.0–7.6 0.1–15.2 0.3–16.2

Myeloid Dendritic cells

Median
(mm3) 69 (43–113) 32 (21–43) 22 (13–62) 0.001

(%) 0.09 (0.04–0.12) 0.07 (0.02–0.10) 0.07 (0.02–0.12) 0.827

Min Max
(mm3) 15–314 5–74 4–206

(%) 0.01–0.18 0.00–0.24 0.01–0.51

Plasmacytoid Dendritic cells

Median
(mm3) 30 (9–53) 13 (7–16) 14 (3–46) 0.108

(%) 0.20 (0.15–0.27) 0.15 (0.12–0.18) 0.16 (0.11–0.23) 0.827

Min Max
(mm3) 1–96 0–48 1–75

(%) 0.08–0.40 0.04–0.36 0.05–0.35

3.8. Erythroid Lineage Maturation and Age-Related Differences

The analysis of erythroid maturation revealed significant differences in absolute counts
among groups for mature erythroblasts (p = 0.002), as detailed in Table S7. Pairwise com-
parisons indicate significant variations in absolute numbers between <40 and 41–60 groups
for erythroid precursors (p = 0.0466) and immature erythroblasts (p = 0.0323). Addition-
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ally, mature erythroblasts exhibited significant differences between <40 and >60 groups
(p = 0.0170) as well as <40 and 41–60 groups (p = 0.0117), as illustrated in Figure 4A–C.

Figure 4. Analysis demonstrated differences for erythroid population between groups (<40, >40 to
<60 and >60 years old) displayed in comparatives graphs for (A) Erythroid Precursor, (B) Immature
Erythroblast, (C) Mature Erythroblast, (D–F) Erythroid maturation curve plots, and (G) Erythroid
maturation curve displayed in the radar dot plot.

Despite these differences in absolute counts, the maturation curves of the erythroid lin-
eage displayed consistent characteristics indicative of normal developmental patterns
across all groups, as shown in Figure 4D–F and corroborated by radar plot analysis
(Figure 4G). While variations in absolute counts were observed, no discernible alterations
in the overall maturation curve dynamics were detected.

3.9. Gender-Based Analysis of Immune Cell Subpopulations

Quantitative assessments of immune cell subsets, stratified by gender, revealed signifi-
cant differences in absolute counts, with higher values in males for intermediate monocytes
(p = 0.009), as detailed in Table S8.

The gender-based analysis did not reveal significant differences in most of the cell
populations studied. Despite these differences, most cell populations showed no significant
gender-based variations, and no correlation between gender and age group was established.

3.10. Evaluation of the Kappa/Lambda Ratio in B Cells

The kappa/lambda light chain ratio was assessed in Mature B cells, CD5+ B cells,
Plasma cells, and CD56+ Plasma cells. Median values (1st–3rd quartile) were 1.47 (1.31–1.73)
in mature B lymphocytes, 1.59 (1.40–1.96) in CD5+ B lymphocytes, 1.47 (1.20–1.67) in
plasma cells, and 1.53 (1.08–2.45) in CD56+ plasma cells, indicating a balanced light chain
production and ruling out monoclonal gammopathy.

As noted by Levy et al. and Marti et al., a non-pathological kappa/lambda ratio
is approximately 2:1, while monoclonality is typically defined by a ratio beyond 3:1 or
0.3:1 [26,27].
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4. Discussion
Studies using flow cytometry have established key benchmarks for hematopoietic lin-

eage reference values and maturation stages over the past three decades. Despite analyzing
a limited number of parameters (<5), these foundational studies effectively defined normal
reference ranges and the maturation stages, remaining relevant today [3,4,28,29].

However, reference values for healthy bone marrow present limitations as many stud-
ies use samples from non-healthy donors or small cohorts (<10 individuals), reducing
generalizability [4,12,13]. Additional constraints include low-complexity flow cytometry
equipment (fewer than 10 detection channels), limited marker panels, a narrow focus on
specific cell populations, and a lack of gender or age stratification [4,9,11,13]. Further-
more, many assessments rely only on percentage-based metrics without comprehensive
quantitative analyses [3–5,9,11,13].

Compared to previous studies, our investigation offers notable strengths, including a
robust sample size of 56 healthy donors, comprehensive characterization of multiple cell
populations using panels with 10-antibody per tube, and comprehensive assessments in
both relative (%) and absolute (cells/mm3) terms. Furthermore, age- and gender-based
stratification enhances applicability by capturing population variability.

Age-based stratification revealed dynamic shifts in cell distributions across the lifespan.
Aging is linked to chronic low-grade inflammation due to prolonged antigenic stimulation
and immune dysregulation, contributing to reduced differentiation in B lymphoid cells
and a decline in T and NK cell production, as observed in this study. These changes likely
underlie age-associated lymphopenia and the progressive decline in immune competence
observed in the elderly [30].

In our analysis, populations that differed only in absolute counts showed relatively
stable proportional distributions. This pattern likely reflects the overall decline in bone
marrow cellularity with age rather than major shifts in lineage frequency, suggesting
that the relative balance of these populations is preserved despite the reduction in total
cell numbers.

Beyond immune cell alterations, aging induces several changes in the bone marrow,
including a decline in total cell numbers, cellular senescence, shifts in lineage differen-
tiation, and impaired hematopoietic stem cell function. These cumulative changes not
only affect immune homeostasis but also have significant clinical implications, increasing
the prevalence of cytopenias, such as anemia and lymphopenia, and elevating the risk of
hematologic malignancies [30,31].

To validate these study findings, we compared them with existing studies, observing
notable similarities. Despite using a broad age range (18 to 70 years), Pont et al. reported
comparable percentage values for monocytes (4.4%), myeloblasts (0.7%), immature gran-
ulocytes (44.2%), neutrophils (22.8%), eosinophils (2.3%), basophils (0.3%), erythroblasts
(12.5%), immature B cells (0.9%), mature B cells (1.8%), T cells (8.1%), NK cells (1.3%), and
plasma cells (0.4%) [9].

Similarly, Matarraz et al. (2011) [11] using 4-color flow cytometry older technology,
reported percentage values aligning with our results, including CD34+ immature B cells
(0.07%), monocytes (4.0%), myeloblasts (1.0%), myelocytes/metamyelocytes (19.8%), neu-
trophils (33.0%), Eosinophils (3.5%), and Erythroblasts (15.0%) [11].

Roa-Higuera et al. (2010) [4] despite small sample size (five donors) and 5-color
flow cytometry, provided reference values in both absolute (cells/mm3) and percentage
terms, demonstrating agreement with our findings. Their reported values include mono-
cytes (4.0%—323/mm3), promonocytes (0.7%—49/mm3), myeloblasts (1.4%—102/mm3),
promyelocytes (1.3%—108/mm3), myelocytes (9.0%—800/mm3), metamyelocytes
(22.0%—2272/mm3), neutrophils (30.0%—2272/mm3), Eosinophils (3.6%—150/mm3),
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basophils (0.2%—13/mm3), CD34+ immature B lymphocytes (0.2%—12/mm3), myeloid
dendritic cells (0.3%—37/mm3), plasmacytoid dendritic cells (0.3%—37/mm3), and mast
cells (0.01%—8/mm3) [4].

However, discrepancies were observed in some surveys, such as Brooimans et al.
(2008) with granulocytes at 73.7% [5], Nies et al. (2018) with erythroblasts at 21.6% [13],
and Roa-Higuera et al. (2010) with myelocytes at 9.0% (800/mm3) [4]. These variations
may stem from differences in sample size, the inclusion of healthy bone marrow donors,
and a more heterogeneous ethnic background in this study.

The Clinical and Laboratory Standards Institute (CLSI) recommends at least 120 sam-
ples to establish a reference interval [32]. However, this sample size was not reached in
other studies that claimed to have defined reference values for healthy bone marrow. While
our study also did not reach this threshold, it is among the few with over 50 healthy bone
marrow samples, contributing valuable data to hematopoiesis research. Bone marrow
collection, unlike peripheral blood sampling, is an invasive procedure requiring anesthe-
sia. Although generally safe, it can cause discomfort, necessitate recovery time, and pose
challenges in donor recruitment.

Our methodology enabled a more extensive evaluation of parameters through ad-
vanced equipment and a comprehensive monoclonal antibody panel. The inclusion of
gender- and age-based stratification allowed for a more detailed interpretation of the data.

5. Conclusions
This study establishes absolute and relative values for key hematopoietic cell pop-

ulations, including B cells, T cells, NK cells, and granulocytic, monocytic, and erythroid
lineages at different maturation stages. It highlights gender- and age-related variations and
heterogeneous ethnic group, offering insights into hematopoietic dynamics.

The detailed assessment of maturation stages enhances the understanding of
hematopoietic development. The immunophenotypic patterns and values generated
provide a robust dataset, serving as a benchmark for flow cytometry laboratories and
aiding in the accurate diagnosis and monitoring of hematological malignancies and bone
marrow disorders.
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hematopoietic populations of interest; Table S5: Results evaluated for Ogata Score; Table S6: Results
of total cell number; Table S7: Results evaluated for Erythroid maturation; Table S8: Results evaluated
NK cells by gender.

https://www.mdpi.com/article/10.3390/cells14171392/s1
https://www.mdpi.com/article/10.3390/cells14171392/s1


Cells 2025, 14, 1392 15 of 17

Author Contributions: Conceptualization, N.S.B., R.P.C. and L.C.M.; Methodology: F.A.d.S., L.F.P.T.,
R.P.C. and L.C.B.; Validation: F.A.d.S., and L.C.M.; Formal analysis: F.A.d.S.,; Investigation, F.A.d.S.,
and L.C.M.; Data curation: F.A.d.S.; Writing original data preparation, F.A.d.S.; Writing revision and
editing, F.A.d.S., and L.C.M.; Supervision, N.S.B. and L.C.M. All authors have read and agreed to the
published version of the manuscript.

Funding: This research received no external funding.

Institutional Review Board Statement: This study was conducted in accordance with the Declaration
of Helsinki and approved by the Ethics Committee of Hospital Israelita Albert Einstein under CAAE
number: 82751318.2.0000.0071.

Informed Consent Statement: Informed consent was obtained from all subjects involved in the study.

Data Availability Statement: The original data will be available under request.

Acknowledgments: We are grateful to the orthopedic team at Hospital Municipal Dr. Moysés
Deustsch for providing the samples used in the project. We thank the Hospital Israelita Albert
Einstein flow cytometry team for their daily support of this research. We are also grateful to Elivane
da Silva Victor for the statistical analysis performance and assistance.

Conflicts of Interest: The authors declare no conflicts of interest.

Abbreviations
The following abbreviations are used in this manuscript:

BM Bone Marrow
CLSI Clinical and Laboratorial Standard Institute
CAAE Certificate of Ethical Review Presentation
FC Flow Cytometry
FSC Forward Scatter
NK Natural Killer
SSC Side Scatter
WHO World Health Organization

References
1. Swerdlow, S.H.; Campo, E.; Pileri, S.A.; Harris, N.L.; Stein, H.; Siebert, R.; Advani, R.; Ghielmini, M.; Salles, G.A.;

Zelenetz, A.D.; et al. The 2016 revision of the World Health Organization classification of lymphoid neoplasms. Blood 2016,
127, 2375–2390. [CrossRef] [PubMed]

2. Carbone, A. Classification of Tumors of the Hematopoietic and Lymphoid Tissues. Discovering Diseases—Defining Their Features.
J. Hematol. 2020, 1, 7–9. [CrossRef]

3. Arnoulet, C.; Béné, M.C.; Durrieu, F.; Feuillard, J.; Fossat, C.; Husson, B.; Jouault, H.; Maynadié, M.; Lacombe, F. Four- and
five-color flow cytometry analysis of leukocyte differentiation pathways in normal bone marrow: A reference document based on
a systematic approach by the GTLLF and GEIL. Cytom. Part B Clin. Cytom. 2010, 78, 4–10. [CrossRef]

4. Roa-Higuera, D.C.; Fiorentino-Gómez, S.; Rodríguez-Pardo, V.M.; Campos-Arenas, A.M.; Infante-Acosta, E.A.; Cardozo-
Romero, C.C.; Quijano-Gómez, S.M. Immunophenotypic analysis of normal cell samples from bone marrow: Applications
in quality control of cytometry laboratories. Univ. Sci. 2010, 15, 206–223. [CrossRef]

5. Brooimans, R.A.; Kraan, J.; van Putten, W.; Cornelissen, J.J.; Löwenberg, B.; Gratama, J.W. Flow cytometric differential of leukocyte
populations in normal bone marrow: Influence of peripheral blood contamination. Cytom. Part B Clin Cytom. 2009, 76, 18–26.
[CrossRef] [PubMed]

6. Sabattini, E.; Bacci, F.; Sagramoso, C.; Pileri, S.A. WHO classification of tumours of haematopoietic and lymphoid tissues in 2008:
An overview. Pathologica 2010, 102, 83–87.

7. van Lochem, E.G.; van der Velden, V.H.J.; Wind, H.K.; Marvelde, J.G.T.; Westerdaal, N.A.C.; van Dongen, J.J.M. Immunopheno-
typic differentiation patterns of normal hematopoiesis in human bone marrow: Reference patterns for age-related changes and
disease-induced shifts. Cytom. Part B Clin Cytom. 2004, 60, 1–13. [CrossRef] [PubMed]

https://doi.org/10.1182/blood-2016-01-643569
https://www.ncbi.nlm.nih.gov/pubmed/26980727
https://doi.org/10.3390/bloods1010004
https://doi.org/10.1002/cyto.b.20484
https://doi.org/10.11144/javeriana.SC15-3.iaon
https://doi.org/10.1002/cyto.b.20439
https://www.ncbi.nlm.nih.gov/pubmed/18942105
https://doi.org/10.1002/cyto.b.20008
https://www.ncbi.nlm.nih.gov/pubmed/15221864


Cells 2025, 14, 1392 16 of 17

8. Campo, E.; Swerdlow, S.H.; Harris, N.L.; Pileri, S.; Stein, H.; Jaffe, E.S. The 2008 WHO classification of lymphoid neoplasms and
beyond: Evolving concepts and practical applications. Blood 2011, 117, 5019–5032. [CrossRef]

9. Pont, J.; Souvignet, A.; Campos, L.; Plesa, A.; Bulabois, B.; Pernollet, M.; Raskovalova, T.; Dumestre-Perard, C.; Cesbron, J.;
Jacob, M. Accurate quantification of fourteen normal bone marrow cell subsets in infants to the elderly by flow cytometry. Cytom.
Part B Clin Cytom. 2018, 94, 627–636. [CrossRef]

10. Bento, L.C.; Correia, R.P.; Mangueira, C.L.P.; Barroso, R.D.S.; Rocha, F.A.; Bacal, N.S.; Marti, L.C. The Use of Flow Cytometry in
Myelodysplastic Syndromes: A Review. Front. Oncol. 2017, 7, 270. [CrossRef]

11. Matarraz, S.; Fernandez, C.; Albors, M.; Teodosio, C.; López, A.; Jara-Acevedo, M.; Cervero, C.; Caballero, G.; Gutierrez, O.;
Orfao, A. Cell-cycle distribution of different cell compartments in normal versus reactive bone marrow: A frame of reference for
the study of dysplastic hematopoiesis. Cytom. Part B Clin Cytom. 2011, 80, 354–361. [CrossRef]

12. Lorand-Metze, I.; Longhini, A.L.; Oliveira-Duarte, G.; Correia, R.P.; Santos-Silva, M.C.; Yamamoto, M.; Sandes, A.F.; Oliveira, A.F.;
Souto, E.X.; Ikoma, M.R.V.; et al. Normal variation of bone marrow B-cell precursors according to age–reference ranges for studies
in myelodysplastic syndromes in Brazil. Cytom. Part B Clin Cytom. 2018, 94, 644–650. [CrossRef] [PubMed]

13. Nies, K.P.; Kraaijvanger, R.; Lindelauf, K.H.; Drent, R.J.; Rutten, R.M.; Ramaekers, F.C.; Leers, M.P. Determination of the
proliferative fractions in differentiating hematopoietic cell lineages of normal bone marrow. Cytom. Part A 2018, 93, 1097–1105.
[CrossRef]

14. Rajab, A.; Porwit, A. Screening bone marrow samples for abnormal lymphoid populations and myelodysplasia-related features
with one 10-color 14-antibody screening tube. Cytom. Part B Clin Cytom. 2015, 88, 253–260. [CrossRef]

15. Orfao, A.; Matarraz, S.; Pérez-Andrés, M.; Almeida, J.; Teodosio, C.; Berkowska, M.A.; van Dongen, J.J. Immunophenotypic
dissection of normal hematopoiesis. J. Immunol. Methods 2019, 475, 112684. [CrossRef]

16. Nelson, P.N.; Reynolds, G.M.; Waldron, E.E.; Ward, E.; Giannopoulos, K.; Murray, P.G. Monoclonal antibodies. Mol. Pathol. 2000,
53, 111–117. [CrossRef]

17. Davis, B.H.; Holden, J.; Bene, M.; Borowitz, M.; Braylan, R.; Cornfield, D.; Gorczyca, W.; Lee, R.; Maiese, R.; Orfao, A.; et al. 2006
Bethesda International Consensus recommendations on the flow cytometric immunophenotypic analysis of hematolymphoid
neoplasia: Medical indications. Cytom. Part B Clin Cytom. 2007, 72 (Suppl. 1), S5–S13. [CrossRef] [PubMed]

18. Loken, M.R.; Shah, V.O.; Dattilio, K.L.; Civin, C.I. Flow cytometric analysis of human bone marrow. II. Normal B lymphocyte
development. Blood 1987, 70, 1316–1324. [CrossRef] [PubMed]

19. Kalina, T.; Flores-Montero, J.; van der Velden, V.H.J.; Martin-Ayuso, M.; Böttcher, S.; Ritgen, M.; Almeida, J.; Lhermitte, L.;
Asnafi, V.; Mendonça, A.; et al. EuroFlow standardization of flow cytometer instrument settings and immunophenotyping
protocols. Leukemia 2012, 26, 1986–2010. [CrossRef] [PubMed]

20. CLSI. Clinical Flow Cytometric Analysis of Neoplastic Hematolymphoid Cells; Approved Guideline, 2nd ed.; CLSI document H43-A2;
Clinical and Laboratory Standards Institute: Wayne, PA, USA, 2007.

21. Overgaard, N.H.; Jung, J.W.; Steptoe, R.J.; Wells, J.W. CD4+/CD8+ double-positive T cells: More than just a developmental stage?
J. Leukoc. Biol. 2015, 97, 31–38. [CrossRef]

22. Parel, Y.; Chizzolini, C. CD4+ CD8+ double positive (DP) T cells in health and disease. Autoimmun. Rev. 2004, 3, 215–220.
[CrossRef]

23. Rahemtullah, A.; Reichard, K.K.; Preffer, F.I.; Harris, N.L.; Hasserjian, R.P. A double-positive CD4+CD8+ T-cell population is
commonly found in nodular lymphocyte predominant Hodgkin lymphoma. Am. J. Clin. Pathol. 2006, 126, 805–814. [CrossRef]
[PubMed]

24. Weyand, C.M.; Goronzy, J.J. Aging of the immune system. Mechanisms and therapeutic targets. Ann. Am. Thorac. Soc. 2016, 13
(Suppl. 5), S422–S428. [CrossRef]

25. Ogata, K. Diagnostic flow cytometry for low-grade myelodysplastic syndromes. Hematol. Oncol. 2008, 26, 193–198. [CrossRef]
26. Levy, R.; Warnke, R.; Dorfman, R.F.; Haimovich, J. The monoclonality of human B-cell lymphomas. J. Exp. Med. 1977, 145,

1014–1028. [CrossRef]
27. Marti, G.E.; Rawstron, A.C.; Ghia, P.; Hillmen, P.; Houlston, R.S.; Kay, N.; Schleinitz, T.A.; Caporaso, N.; International Familial

CLL Consortium. Diagnostic criteria for monoclonal B-cell lymphocytosis. Br. J. Haematol. 2005, 130, 325–332. [CrossRef]
28. Wood, B. Multicolor immunophenotyping: Human immune system hematopoiesis. Methods Cell Biol. 2004, 75, 559–576. [PubMed]
29. Westers, T.M.; Cremers, E.M.; Oelschlaegel, U.; Johansson, U.; Bettelheim, P.; Matarraz, S.; Orfao, A.; Moshaver, B.; Brodersen, L.E.;

Loken, M.R.; et al. Immunophenotypic analysis of erythroid dysplasia in myelodysplastic syndromes. A report from the
IMDSFlow working group. Haematologica 2017, 102, 308–319. [CrossRef]

30. Groarke, E.M.; Young, N.S. Aging and Hematopoiesis. Clin. Geriatr. Med. 2019, 35, 285–293. [CrossRef] [PubMed]

https://doi.org/10.1182/blood-2011-01-293050
https://doi.org/10.1002/cyto.b.21643
https://doi.org/10.3389/fonc.2017.00270
https://doi.org/10.1002/cyto.b.20605
https://doi.org/10.1002/cyto.b.21604
https://www.ncbi.nlm.nih.gov/pubmed/29205788
https://doi.org/10.1002/cyto.a.23564
https://doi.org/10.1002/cyto.b.21233
https://doi.org/10.1016/j.jim.2019.112684
https://doi.org/10.1136/mp.53.3.111
https://doi.org/10.1002/cyto.b.20365
https://www.ncbi.nlm.nih.gov/pubmed/17803188
https://doi.org/10.1182/blood.V70.5.1316.1316
https://www.ncbi.nlm.nih.gov/pubmed/3117132
https://doi.org/10.1038/leu.2012.122
https://www.ncbi.nlm.nih.gov/pubmed/22948490
https://doi.org/10.1189/jlb.1RU0814-382
https://doi.org/10.1016/j.autrev.2003.09.001
https://doi.org/10.1309/Y8KD32QGRYFN1XQX
https://www.ncbi.nlm.nih.gov/pubmed/17050078
https://doi.org/10.1513/AnnalsATS.201602-095AW
https://doi.org/10.1002/hon.857
https://doi.org/10.1084/jem.145.4.1014
https://doi.org/10.1111/j.1365-2141.2005.05550.x
https://www.ncbi.nlm.nih.gov/pubmed/15603442
https://doi.org/10.3324/haematol.2016.147835
https://doi.org/10.1016/j.cger.2019.03.001
https://www.ncbi.nlm.nih.gov/pubmed/31230730


Cells 2025, 14, 1392 17 of 17

31. Hamilton, J.A.G.; Henry, C.J. Aging and immunotherapies: New horizons for the golden ages. Aging Cancer 2020, 1, 30–44.
[CrossRef]

32. Boyd, J. Defining, Establishing, and Verifying Reference Intervals in the Clinical Laboratory; Approved Guidelines; CLSI document C28-A3.
28, No. 3; Clinical and Laboratory Standards Institute: Wayne, PA, USA, 2010.

Disclaimer/Publisher’s Note: The statements, opinions and data contained in all publications are solely those of the individual
author(s) and contributor(s) and not of MDPI and/or the editor(s). MDPI and/or the editor(s) disclaim responsibility for any injury to
people or property resulting from any ideas, methods, instructions or products referred to in the content.

https://doi.org/10.1002/aac2.12014

	Introduction 
	Materials and Methods 
	Research Participants and Sample Obtainment 
	Flow Cytometry Protocol for Hematopoietic and Immune Cell Analysis 
	Data Analysis and Gating Strategy 
	Statistical Analysis 

	Results 
	Concordance of Single vs. Dual Platform Measures, Bone Marrow Purity Assessment, and Dysplasia Analysis 
	Age-Related Characterization of Hematopoietic Populations and Maturation Dynamics 
	Age-Associated Variations in Bone Marrow Cellularity 
	B Cell Maturation and Plasma Cell Distribution Across Age Groups 
	T and NK Cell Subpopulation Distribution Across Age Groups 
	Granulocyte Maturation and Age-Related Differences 
	Monocytic Maturation, Dendritic Cell Subpopulations and Age-Related Differences 
	Erythroid Lineage Maturation and Age-Related Differences 
	Gender-Based Analysis of Immune Cell Subpopulations 
	Evaluation of the Kappa/Lambda Ratio in B Cells 

	Discussion 
	Conclusions 
	References

